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Abstract 

Biodiversity loss is a global challenge of the 21st century. Environmental DNA (eDNA)-based 

metabarcoding offers a cost- and time-efficient alternative to conventional biodiversity 

surveys, enabling detection of rare, cryptic, and elusive species from environmental samples. 

However, limited access to genomic technologies restricts the application of eDNA 

metabarcoding in highly biodiverse remote regions and low- and middle-income countries. 

Here, we directly compared the latest portable nanopore sequencing methods with established 

Illumina sequencing for vertebrate eDNA metabarcoding of Zambian water samples. We also 

evaluated cost-effective versus established water filtration approaches, and contrasted a 

comprehensive, computationally intensive taxonomic database search with a streamlined, 

manually curated database search. Our results show that due to recent improvements in 

sequencing chemistry and optimized basecalling, nanopore sequencing can recover many of 

the species detected by Illumina sequencing, demonstrating the feasibility of in situ biodiversity 

assessment using portable platforms. We, however, found that highly accurate Illumina 

sequencing remains superior in the quantity of taxonomic detections, and that eDNA- and 

camera trap-based species detections had minimal overlap, suggesting a complementary 

rather than substituting application of these biodiversity monitoring technologies. Finally, our 

findings underscore the role of database completeness for taxonomic assignments, 

emphasizing the need for high-quality ecosystem-specific reference databases in eDNA 

research. 

Keywords 

eDNA, portable sequencing, vertebrates, Zambia, metabarcoding 

.CC-BY 4.0 International licensemade available under a
(which was not certified by peer review) is the author/funder, who has granted bioRxiv a license to display the preprint in perpetuity. It is 

The copyright holder for this preprintthis version posted April 22, 2025. ; https://doi.org/10.1101/2025.04.21.649756doi: bioRxiv preprint 

mailto:dgygax90@gmail.com
mailto:lara.h.urban@gmail.com
https://doi.org/10.1101/2025.04.21.649756
http://creativecommons.org/licenses/by/4.0/


 

Introduction 

Biodiversity loss is one of the major challenges of the 21st century (Butchart et al., 2010), but 

efforts to prevent biodiversity loss are often hindered by a lack of knowledge of species 

distributions and dynamics (Kindsvater et al., 2018; Vié et al., 2009). Environmental DNA 

(eDNA) approaches can provide a cost- and time-efficient alternative to conventional 

biodiversity monitoring methods by detecting taxa, including rare, cryptic, and elusive species, 

from metabarcoding their genetic material in environmental samples such as water, soil, or 

air, and subsequent amplicon sequencing (Lewis, 2019; Matthias et al., 2021; Mizumoto et al., 

2020). Such eDNA approaches have recently become cheaper and more reliable in monitoring 

the temporal and spatial distribution and dynamics of species, populations, and communities 

(Itakura et al., 2019; Nardi et al., 2019; Sales et al., 2021). The lack of access to genomic 

technology, however, hinders the application of metabarcoding approaches in remote areas 

and low- and middle-income countries (LMICs), which often contain the globally largest 

amount of biodiversity (Fisher & Christopher, 2007; Urban et al., 2023; Watsa et al., 2020). 

Simultaneously, international treaties such as the Convention on International Trade in 

Endangered Species of Wild Fauna and Flora (CITES, 1983) and data sovereignty principles 

as specified by the Nagoya Protocol on Access and Benefit Sharing (Convention on 

International Trade in Endangered Species of Wild Fauna and Flora | CITES, n.d.; The Nagoya 

Protocol on Access and Benefit-Sharing, n.d.) and the Global Indigenous Data Alliance 

(CARE, 2022) often require the generation and usage of such genomic data close to the 

species’ origin.  

Long-read nanopore sequencing technology as developed by Oxford Nanopore Technologies 

(ONT) is the first genomic technology that enables rapid in situ sequencing at low upfront 

investment costs through its portable devices. This technology therefore holds the promise of 

putting eDNA research in line with international treaties and data sovereignty principles, while 

saving time and resources otherwise spent on sample transport and exportation, shortening 

the gap between research and decision-making and potentially empowering local researchers, 

conservationists, and decision-makers (Urban et al., 2022, 2023). First applications of 

nanopore sequencing to metabarcoding in general (Baloğlu et al., 2021; Bludau et al., 2025; 

Van Der Reis et al., 2023) and eDNA specifically (Egeter et al., 2021) have shown promising 

results in species but in comparison to the established sequencing platform for metabarcoding, 

short-read Illumina sequencing, remained hampered by the relatively high sequencing error 

rates. Bludeau et al. (2025) have, however, also shown that this lack in sequencing accuracy 

can be compensated by leveraging nanopore sequencing's long-read capability, which 

enabled species-level resolution in their protistan studies by substantially increasing the 

targeted amplicon size. While the error rate of this previously applied nanopore sequencing 

chemistry (“R9” chemistry) was estimated at anywhere between 5% and 22% (Baloğlu et al., 

2021; van der Reis et al., 2022), recent substantial improvements in the nanopore design 

(“R10” chemistry) and basecalling algorithms now allow for highly accurate nanopore read- 

and consensus-level accuracy. Doorenspleet et al. (2025) were the first to leverage these 

accuracy improvements to apply nanopore-based eDNA to successfully monitor marine 

vertebrates from aquarium and sea water; similar to Bludau et al. (2025) they showed that an 

increase of the targeted amplicon size also improves species detection when using the latest 

nanopore chemistry, but that fragmentation of the marine vertebrates’ DNA in real-world 
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environments such as the sea hampers the amplification of long stretches of DNA 

(Doorenspleet et al., 2025).  

Here, we conducted an eDNA study to directly compare the latest improvements in portable 

nanopore sequencing with established Illumina sequencing for monitoring vertebrate diversity 

from freshwater samples. To facilitate in situ eDNA research, we further compared established 

with more cost-effective water filtering methods, and a computationally intensive full taxonomic 

database search with a locally executable manually annotated database search. We 

specifically applied our protocols for vertebrate monitoring in Zambia with a focus on terrestrial 

biodiversity: This country is a good example of a biodiversity rich country that shares borders 

and ecosystems with eight other African countries and is estimated to be home to 242 

mammals, 757 bird, 74 amphibian, 156 reptile, and 490 fish species (Government of the 

Republic of Zambia, 2015) Zambia has further been described more as “a large patchwork of 

important ecosystems” than a biodiversity hotspot. The subtropical savannahs ecosystems 

are characterized by extreme oscillations of precipitation and water availability during the wet 

and dry seasons (CEPF, 2024; CLLC, 2024); this results in an increased reliance on mobility 

for both humans and animals to access water (CLLC, 2024), which imposes challenges for 

monitoring highly mobile animals across large areas. The fast in situ application of eDNA to 

vertebrate diversity monitoring by sampling freshwater and applying portable nanopore 

sequencing could therefore provide a practical alternative for tracking highly vagile and illusive 

vertebrates in the Zambian subtropical savannahs.  

Materials and Methods 

Environmental DNA collection 

Freshwater sampling was conducted at five locations in Luambe and Lukusuzi National Parks 

within the Luangwa Valley in Eastern Zambia between July 13th and 16th 2023. In Luambe 

National Park, three water bodies were sampled: an artificial pond near an established tourism 

facility (CAM: 12.45880° S, 32.14662° E) and two permanent natural ponds (P2: 12.48503° S, 

32.17606° E; P3: 12.48246° S, 32.19048° E). In Lukusuzi National Park, samples were 

collected from two sites along the Lukusuzi River (L1: 12.71192° S, 32.50254° E; L2: 

12.71247° S, 32.50226° E). These locations were chosen because previous camera trap-

based monitoring had identified them as hotspots of vertebrate activity. 

Freshwater samples were collected using two filtering methods. In the first method, 1 liter of 

water per sample was filtered through a standard paper coffee filter (Melitta® 1x4), previously 

sterilized by placing them under UV light in the extraction hood for one hour. The water was 

filtered by simply holding down the filter with sterile gloves and pouring the water through. In 

the second method, 1 liter of water per sample was filtered using a 0.45 μm nitrocellulose filter 

cup (Thermo Scientific Nalgene, 250 mL) which are routinely used for water eDNA studies, 

and using a vacuum pump to speed up the process. After filtration, coffee filters were placed 

in 50 mL Falcon™ tubes and stored in sterile Ziplock bags with silica gel beads. The 

nitrocellulose filters were first stored in sterile kraft bags, and then placed in sterile ziplock 

bags with silica gel beads.  

At each water body, three biological replicates (A, B, and C) were collected. For samples with 

high sediment content, multiple nitrocellulose filters were required to filter the entire liter due 
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to clogging; these filters were processed separately during DNA extraction with DNA extracts 

subsequently being pooled per replicate.  

Environmental DNA extraction 

All molecular work was conducted at the Helmholtz Center Munich laboratories in Germany 

under the corresponding research permits from the Zambian Department of National Parks 

and Wildlife, (Reference number: NPW/8/27/1). The nitrocellulose filters were cut in half using 

a sterile scalpel, sterile gloves, and a PF2 mask, then stored separately in 1.5 ml Eppendorf 

tubes at -20°C until further processing; only half of a filter was then used for DNA extraction 

while the other half was kept as a backup.  For the coffee filter, two 2x3 cm² pieces were cut 

from the lowest portion using the same sterile procedures and storage conditions. DNA was 

extracted from all samples using the DNeasy PowerSoil Pro Kit (Qiagen) following the 

manufacturer’s instructions, with the exception DNA was eluted in 50 μl of elution buffer in the 

final step. 

For the filter negative controls, 1 liter of sterile Milli-Q® water was filtered through both filter 

types. An extraction and PCR control were also included where sterile water was used instead 

of a piece of filter and DNA template, respectively. Together with all biological replicates 

across all sampling sites, this resulted in 33 DNA extracts, whose DNA concentrations were 

measured with an Invitrogen™ Qubit™ 3.0 Fluorometer using the High Sensitivity (HS) Assay.  

PCR amplification and metabarcoding 

Metabarcoding was carried out using the 12S rRNA variable region 5 (vertebrate-specific 

primer set 12SV05: forward 5′-TTAGATACCCC ACTATGC-3′ and reverse 5′-

TAGAACAGGCT CCTCTAG-3′) to amplify a ~97 bp marker region (Riaz et al., 2011). Each 

sample extract was amplified in PCR triplicates, and each filter negative control in two PCR 

replicates each, resulting in overall 96 PCR products. The PCR reactions were set up in 20 μL 

volumes consisting of 2 μL DNA template, 12.5 μL Phusion® High-Fidelity PCR Master Mix, 

1.25 μL of each primer, and 8 μL of DNase-free water. The cycling parameters were as follows: 

95 °C for 10 minutes, followed by 40 cycles of 94 °C for 30 seconds, 60 °C for 30 seconds, and 

70 °C for 60 seconds, with a final extension at 72 °C for 7 minutes. 

A symmetrical tagged primer approach was used to multiplex the samples during amplification. 

Unique 9 bp tags, generated using Barcode Generator 

(https://github.com/lcomai/barcode_generator), were added to the 5′ ends of both the forward 

and reverse primers for each primer set. This tag length has been shown to be suitable for 

multiplexing amplicons for nanopore sequencing (Srivathsan et al. 2024). All tags were 

designed to differ by at least 3 bp from each other, and the same tag was used on both the 

forward and reverse primers of each PCR product. 

Following amplification, one replicate PCR product was respectively visualized on 2% agarose 

gels with GelRed and Invitrogen™ 100 bp DNA. Amplification was confirmed by the presence 

of a band of the expected size, which was the case for all visualized samples (including the 

negative controls). 

Sequencing library preparation and sequencing 
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The 96 PCR products were pooled by taking 10 μl of each product, and then cleaned using a 

2:1 bead-to-DNA ratio with AMPure XP Beads (Beckman Coulter) followed by resuspension 

in 100 μL of DNase-free water. This final pool was separated into 50 μL volumes as input for 

nanopore and Illumina sequencing, respectively. 

Nanopore sequencing was performed using the portable MinION Mk1b device. Library 

preparation was done using the Ligation Sequencing (SQK-LSK114) following the 

manufacturer’s Ligation Sequencing Kit Amplicons protocol with the following modification: At 

the end of the protocol, 30 μL of elution buffer was used instead of the specified 15 μL. This 

was done to prepare two libraries in one preparation, which was possible due to high DNA 

input into the library preparation. Both libraries were consecutively sequenced for 16 hours on 

one flow cell, separated by a flow cell wash step.  

Illumina sequencing was performed by Novogene, GmbH, Germany, using their 2x150 bp 

protocol on a NovaSeq 6000. 

Data processing and OTU clustering 

Nanopore raw data was basecalled using Dorado’s (v0.7.0) super high accuracy model (SUP; 

https://github.com/nanoporetech/dorado). The resulting FASTQ files were demultiplexed 

using OBITools4's obimultiplex command, allowing for a maximum of one error in the tags 

(https://git.metabarcoding.org/obitools/obitools4). Primers were trimmed using Cutadapt 

(v4.9) (Martin, 2011). Subsequent Operational Taxonomic Unit (OTU) processing steps—

including filtering, dereplication (with singleton removal), chimera removal, and clustering at a 

97% sequence identity threshold—were performed using VSEARCH (v2.28.1) (Rognes et al., 

2016). 

Illumina data was demultiplexed using Cutadapt (v4.9) (Martin, 2011), allowing for a maximum 

of one error in the tags. Primers were trimmed using Cutadapt (v4.9), and paired-end reads 

were then merged using the BBMerge command from BBMap (v39.11) (Bushnell, 2014) 

Subsequent OTU processing steps were identical to the OTU processing steps of the 

nanopore sequencing data.  

To evaluate the impact of read quality filtering on the number of retained reads, the number of 

OTUs, and the number of species in both sequencing datasets, we repeated the respective 

processing steps while adjusting the VSEARCH fastq_maxee parameter to thresholds of 0, 

0.1, 0.5, and 1.0, respectively: For a 97 bp sequence, fastq_maxee values of 1.0, 0.5, and 0.1 

correspond to average per-base quality scores of approximately 20, 23, and 30, respectively. 

This was calculated using the formula: Q = -10 × log10(fastq_maxee ÷ L), where Q is the 

average per-base Phred quality score and L is the read length. Therefore, lower fastq_maxee 

thresholds require higher average per-base quality scores to keep the expected error per read 

below the specified limit. 

Taxonomic assignments 

Amphibian, bird, mammalian, and bird species lists reported in Zambia were obtained from 

the SASCAL portal 

(http://data.sasscal.org/metadata/view.php?view=doc_documents&id=3154, 2017), while the 

list of fish species occurring in Zambia was obtained from FishBase 
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(https://fishbase.mnhn.fr/country/CountryCheckList.php?c_code=894). These species lists 

were used to download all available 12S rRNA and full mitochondrial sequences on NCBI for 

building our reduced Zambian species only database. To avoid bias and overrepresentation, 

only a maximum of 5 reference sequences per species were kept in the database. The same 

species lists where used to assess our study’s database incompleteness database. The full 

vertebrate species list can be found in the Supplementary Table 1. 

Taxonomic assignment of the OTUs was then done using BLAST (v. 2.15.0) (Camacho et al., 

2009) against the full NCBI nt database and against the reduced databases containing all 

available 12S rRNA and full mitochondrial sequences of the “plausible” species, i.e. either 

vertebrate species reported in Zambia or common domestic species and humans, which could 

occur as common contaminants (Homo sapiens, Sus scrofa, Bos taurus, Gallus gallus, Ovis 

aries, Felis catus and Canis lupus). The three best taxonomic hits with at least 95% sequence 

similarity score and 70% query coverage score were taken and then filtered for plausible taxon 

detections. If multiple Zambian species were found among the three hits, only the one with the 

highest sequence similarity score was kept. Although a 95% identity threshold is generally 

considered low, we deemed it appropriate for this study’s objective of comparing sequencing 

technologies—particularly in light of nanopore’s still relatively higher error rate—and because 

we restricted our analysis to species known to occur in Zambia. However, one limitation of this 

approach is that not all Zambian species are represented in current databases, making 

misidentifications more likely if a query sequence is assigned to the nearest taxon at this lower 

threshold. 

Principal Coordinate Analysis  

To assess patterns of compositional dissimilarity among freshwater samples, we conducted a 

Principal Coordinate Analysis (PCoA) using the Jaccard distance metric based on species 

presence-absence data to capture qualitative differences in community composition. We first 

pooled PCR replicate data within each sampling site, sequencing technology, and filter type 

to create the distance matrix and visualized the major axes of variation using the R vegan 

package (v. 2.6-6.1).   

Validation through Camera Trapping  

One week prior to eDNA sampling, camera traps (SECACAM Wild-Vision Full HD 5.0) were 

put up at sampling locations to validate species detections in the subsequent freshwater eDNA 

samples. Cameras, equipped with passive infrared sensors (PIR), were set to picture-mode 

and recorded for 24 hours. The number of deployed camera traps varied from 2 to 5 cameras 

across sites, depending on the size and accessibility of the water bodies. Cameras were 

positioned to cover the entire waterbodies with priority on established drinking places by large 

mammals. Drinking places were determined by visual assessments on mammal tracks, scat 

or further signs of presence.  

 

Results 

Our database revision revealed that genetic references for vertebrate groups in the NCBI 

repository are generally limited across all taxa for both the 12S gene and full mitochondrial 

sequences. Amphibians have 58.14% coverage for the 12S gene, while only 6.98% have full 
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mitochondrial references. Reptiles show 42.78% representation for 12S references and only 

3.09% for full mitochondrial sequences. Fish have 23.62% coverage for 12S and 9.30% for 

full mitochondrial sequences. Mammals are relatively well represented with 58.80% for the 

12S gene and 57.60% for full mitochondrial sequences. Birds exhibit 28.38% coverage for 

12S and only 15.64% for full mitochondrial sequences. These numbers highlight the 

considerable gaps in genetic reference data for Zambian amphibians, reptiles, fish 

(Supplementary Table 2).  

Across all freshwater samples, a total of 26,733,749 out of 40,008,573 nanopore sequencing 

reads (66.8%) were successfully demultiplexed. For Illumina sequencing, 30,461,385 out of 

39,136,312 reads (77.8%) were successfully demultiplexed. Samples yielding fewer than 

1,000 sequencing reads were excluded. In the Illumina dataset, 14 such samples were 

excluded, and in the nanopore dataset, two additional samples were excluded. We confirmed 

that these low-read samples did not produce any operational taxonomic units (OTUs), except 

for two Illumina samples that each yielded a single out, respectively.   

The remaining samples showed uneven read coverage, with between 3,603 and 2,396,646 

nanopore reads per sample (mean = 280,582.0; SD = 475,232.25), and between 10,715 and 

966,066 Illumina reads per sample (mean = 353,724; SD = 206,444.44). For the negative 

controls, nanopore read counts ranged from 8,909 to 216,181 (mean = 103,879.0; SD = 

90,494.15), while Illumina read counts ranged from 239,821 to 681,569 (mean = 478,349.0; 

SD = 181,446.6). 

Quality filtering based on the expected sequencing error substantially impacted the number of 

nanopore reads (retention of only ~53% of reads after Q30 filtering), but not of Illumina reads 

(retention of ~97%; Figure 1A). The same pattern was subsequently detected in the number 

of OTUs, where nanopore-based OTU counts dropped from 28,305 (Q0) to 14,852 (52.5%) at 

Q20, 10,035 (35.5%) at Q23, and only 5,314 (18.8%) at Q30, while Illumina-based OTU count 

were unaffected by the quality threshold cut-offs (Figure 1A). At the species detection level, 

this pattern was still present, but less pronounced, where the nanopore sequencing dataset 

led to the detection of 35 (Q0), 32 (Q20), 31 (Q23), and 27 (Q30) species, while the species 

count of 40 in the Illumina sequencing data was independent of the quality filtering (Figure 

1A).   

We proceeded with all analyses at a quality threshold of Q20 for both sequencing datasets 

since this filter substantially decreased the possibly inflated number of nanopore OTUs while 

retaining most species detections by both sequencing modalities (Figure 1A).  

All five vertebrate classes were detected by nanopore and Illumina sequencing; for both 

sequencing technologies the highest number of species detections occurred for fish (15 

species, respectively) and mammals (10 and 16 species, respectively; Figure 1B; 

Supplementary Table 3). Across all vertebrate classes, 29 species were detected by both 

sequencing technologies while nine species could only be detected by the Illumina dataset; in 

both datasets, there were three cases where a species was detected in one sequencing 

dataset with a congeneric hit in the respective other dataset (Figure 1C; Supplementary Table 

3). 
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Figure 1. Freshwater sample sequencing results. A) From top to bottom: Sequencing read, Operational 

Taxonomic Unit (OTU), and species counts for nanopore (“ONT”, blue) and Illumina (green) and 

sequencing datasets across multiple quality filtering thresholds (Q0: unfiltered, Q20, Q23, and Q30; 

Materials and Methods). B) Number of species detected per vertebrate class and order by both 

sequencing datasets at a Q20 filtering threshold (left: ONT; right: Illumina). C) Number of species 

detected by either or both sequencing datasets. The “ONT congeneric” (purple) and “Illumina 

congeneric” (red) species counts represent the number of species that were detected in one sequencing 

dataset with a congeneric hit in the respective other dataset. 

Table 1. Summary of species detected by environmental DNA across samples, negative 

controls and sequencing platforms. 
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We found that most species were only detected by a small number of replicates (Table 1). 

After removing matches to domestic species, several species occurring in Zambia still showed 

up in the negative controls and were also very often present in many PCR samples. Among 

these species are species found in the study area such as Hippoppotamus amphibius and 

Helogale parvula, the former was also detected by camera traps in this study. Two frog 

species, Xenopus laevis and Xenopus muelleri, were detected at varying frequencies. X. 

laevis, was detected in three samples in the nanopore dataset. In contrast, X. muelleri 

appeared in 23 nanopore samples and 82 Illumina samples, as well as in all negative controls. 

Fish accounted for the taxon with species showing up in the highest number of samples, seven 

of which appeared also in the negative controls.  

We next assessed the number of species detections across all freshwater samples 

(Supplementary Table 4). The number of species was similar between the two filter types, the 

standard nitrocellulose filter and the more cost-efficient coffee filter (Figure 2A), and between 

the five sampling sites (Figure 2B; Materials and Methods; Supplementary Table 5). The 

majority of variance in species detections between freshwater samples seems to stem from 

the sequencing technology, with lllumina sequencing systematically leading to higher species 

detections (Figure 2A-B ; Supplementary Table 5). Principal coordinate analysis (PCoA) of the 

Jaccard distance between all freshwater samples with respect to species detections showed 

that also the majority of variance in species composition across the samples stemmed from 

the two sequencing technologies: the first PCoA axis, which explains 41.64% of the variance 

Species Family Order No. samples (ONT) No. of samples (Illumina) Technology ONT neg. Illimina neg. 

Acinonyx jubatus Felidae Carnivora 0 2 Illumina 

Afronycteris nana Vespertilionidae Chiroptera 1 7 ONT , Illumina 

Aquila nipalensis Accipitridae Accipitriformes 3 68 ONT , Illumina Yes

Astatotilapia calliptera Cichlidae Perciformes 23 23 ONT , Illumina Yes Yes

Cercopithecus ascanius Cercopithecidae Primates 0 1 Illumina 

Cercopithecus mitis Cercopithecidae Primates 2 6 ONT , Illumina Yes

Charadrius mongolus Charadriidae Charadriiformes 1 7 ONT , Illumina 

Chlorocebus aethiops Cercopithecidae Primates 5 39 ONT , Illumina Yes Yes

Chrysichthys brachynema Claroteidae Siluriformes 4 74 ONT , Illumina Yes

Clarias gariepinus Clariidae Siluriformes 75 82 ONT , Illumina Yes Yes

Columba livia Columbidae Columbiformes 1 11 ONT , Illumina 

Coptodon rendalli Cichlidae Perciformes 4 4 ONT , Illumina Yes

Cyprichromis leptosoma Cichlidae Perciformes 0 1 Illumina Yes

Cyprinus carpio Cyprinidae Cypriniformes 40 80 ONT , Illumina Yes Yes

Enteromius eutaenia Cyprinidae Cypriniformes 1 41 ONT , Illumina Yes

Enteromius trimaculatus Cyprinidae Cypriniformes 1 14 ONT , Illumina 

Epomophorus minor Pteropodidae Chiroptera 0 1 Illumina 

Galago moholi Galagidae Primates 0 2 Illumina 

Galerella sanguinea Herpestidae Carnivora 1 3 ONT , Illumina 

Genetta genetta Viverridae Carnivora 2 14 ONT , Illumina 

Graphiurus kelleni Gliridae Rodentia 0 4 Illumina 

Graphiurus lorraineus Gliridae Rodentia 1 1 ONT , Illumina 

Graphiurus microtis Gliridae Rodentia 1 0 ONT 

Helogale parvula Herpestidae Carnivora 6 78 ONT , Illumina Yes

Herpestes ichneumon Herpestidae Carnivora 0 2 Illumina 

Hippopotamus amphibius Hippopotamidae Artiodactyla 35 81 ONT , Illumina Yes Yes

Hyperolius viridiflavus Hyperoliidae Anura 0 2 Illumina 

Labeo congoro Cyprinidae Cypriniformes 4 30 ONT , Illumina Yes

Labeo cylindricus Cyprinidae Cypriniformes 6 24 ONT , Illumina Yes

Oncorhynchus mykiss Salmonidae Salmoniformes 7 57 ONT , Illumina Yes Yes

Oreochromis aureus Cichlidae Perciformes 2 3 ONT , Illumina 

Oreochromis macrochir Cichlidae Perciformes 79 82 ONT , Illumina Yes Yes

Oreochromis niloticus Cichlidae Perciformes 58 54 ONT , Illumina Yes Yes

Oreochromis tanganicae Cichlidae Perciformes 37 70 ONT , Illumina Yes Yes

Pelusios sinuatus Pelomedusidae Testudines 1 1 ONT , Illumina 

Phrynobatrachus natalensis Phrynobatrachidae Anura 0 2 Illumina 

Rhynchogale melleri Herpestidae Carnivora 0 3 Illumina 

Streptopelia capicola Columbidae Columbiformes 1 1 ONT , Illumina 

Synodontis polli Mochokidae Siluriformes 0 1 Illumina 

Tragelaphus scriptus Bovidae Artiodactyla 1 0 ONT 

Tragelaphus strepsiceros Bovidae Artiodactyla 0 3 Illumina 

Tropheus moorii Cichlidae Perciformes 75 82 ONT , Illumina Yes Yes

Xenopus laevis Pipidae Anura 3 0 ONT 

Xenopus muelleri Pipidae Anura 23 82 ONT , Illumina Yes Yes
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of species composition across samples, clearly separates Illumina- and nanopore-sequenced 

samples (Figure 2C). Samples belonging to the same filtering methods and from the same 

sites, on the other hand, tend to cluster together within each sequencing technology, with 

some variation explained by the second PCoA axis (Figure 2C). 

 

 

Figure 2. Species detections across freshwater samples by Illumina and nanopore (“ONT”) sequencing. 

A) Number of species detected by the two filter types (“NC”: nitrocellulose filter; “CO”: coffee filter) by 

both sequencing technologies across all PCR replicates. B) Number of species detected across the five 

sampling sites (CAM, L1, L2, P2, and P3; Materials and Methods) by both sequencing technologies 

across all PCR replicates. C) Principal coordinate analysis (PCoA) of the Jaccard distance of all 

freshwater samples after PCR replicate pooling across sampling sites, sequencing technology, and 

filter types.  

 

We next compared all our species detections with eDNA-based species detections using a 

reduced database that only contains the plausible species (Materials and Methods), since 

such an approach holds the promise of being executable rapidly on portable computational 

machines. As such a reduced-database analysis might, however, lead to an increased number 

of false-positive species detections, we additionally analyzed camera trap images that were 

taken at the same sampling sites shortly before freshwater sampling to obtain a true-positive 

vertebrate species list, focusing on non-fish vertebrate taxa (Materials and Methods; 

(Supplementary Table 6). Briefly, camera trapping detection was biased towards birds and 

mammals with 10 and 9 species detected, respectively, and no possible species-level 

classification in the other vertebrate classes (Supplementary Table 5). We then compared the 

species detections between our original “full database” with the “reduced database” and the 

visual camera trap-based species monitoring approach (Figure 3). We found that only four 

species (Figure 3A), five genera (Figure 3B), and seven families (Figure 3C) were detected 

by all three methods, and that the reduced-database analysis led to the detection of many 

additional species whose presence could mostly not be confirmed by camera trap-based 

monitoring (Figure 3).   
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Figure 3. Shared taxa detections between camera trap-based biodiversity monitoring and freshwater-

based eDNA-based monitoring using a “full” versus a “reduced” taxonomic database that only contains 

plausible species: A) Species, B) genus, and C) family detections. D) Examples of camera trap pictures 

of species detected by all three approaches: left: Small-spotted Genet (Genetta genetta); middle: 

Emerald-spotted wood dove (Turtur chalcospilos); and right: Hippopotamus (Hippopotamus amphibius).   

 

Discussion 

The in situ application of eDNA in biodiverse areas and countries is of utmost importance to 

fulfill international treaties on data sovereignty, material export, and benefit sharing when it 

comes to genetics-based biodiversity monitoring; established Illumina sequencing for 

metabarcoding is, however, based on expensive machinery that is mostly only accessible in 

centralized sequencing facilities or research laboratories. Here, we use freshwater samples 

from Zambian ecosystems to show that the improvements in portable nanopore sequencing 

technology through chemistry updates (R10.4.1) and improved basecalling (Dorado SUP) can 

capture the majority of species discovered by established Illumina sequencing. This shows 

the potential of applying this portable genomic technology and cost-effective sample 

multiplexing for in situ biodiversity monitoring in the area or country of interest.  

We, however, also found that Illumina sequencing of eDNA captured more species than 

nanopore sequencing (especially when filtering the nanopore data at a high-quality score of 

Q30), and that the largest variability in species composition and distribution across our 

freshwater samples was explained by the sequencing technology—and not by the location or 

filter type of the sample. Illumina sequencing captured six taxonomic families that could not 

be detected by nanopore sequencing—although three of those six families could be recovered 

if the sequence mapping identity of the nanopore OTUs was reduced from 95 to 94%. This 
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suggests that the accuracy of nanopore sequencing still has to be improved to be comparable 

to highly accurate Illumina sequencing for species profiling using short gene regions.  

Due to its long sequencing reads, nanopore sequencing, however, also holds promise for 

basing metabarcoding studies on longer marker gene regions (Bludau et al., 2025; 

Doorenspleet et al., 2025; Urban et al., 2021). For example, Bludau et al. (2025), showed that 

while nanopore reads had a higher error rate (using the R9 nanopore chemistry), the full length 

18S rRNA region sequenced with nanopore achieved a greater taxonomic classification 

accuracy down to the species level in soil protistan communities than the shorter Illumina-

sequenced Variable Region 9 of the same gene, which only provided reliable classification on 

the phylum level. Similarly, Doorenspleet et al. (2025) (using the R10 nanopore chemistry) 

compared a universal primer pair targeting a 2 kb region of fish mitochondrial DNA against the 

commonly used MiFish primer pair targeting a ~170 bp region, concluding that while the longer 

amplicon allowed for more species assignment in a controlled aquarium condition, the shorter 

amplicon performed better in natural environmental settings. This is because eDNA is often 

highly fragmented due to various environmental factors such as UV radiation, microbial 

activity, and enzymatic degradation, resulting in higher persistence time for shorter fragments 

(Bista et al., 2018; Deagle et al., 2014; Jo et al., 2017), and such shorter DNA fragments are 

more likely to amplify during PCR reactions (Deiner et al., 2017). When using eDNA to monitor 

vertebrates, especially terrestrial vertebrates from freshwater samples like presented in our 

study, the samples’ DNA might therefore be too fragmented to allow for efficient long-read 

gene sequencing—which remains to be tested, using for example vertebrate-specific full-

length amplicon primers. The suitability of amplicon length in metabarcoding studies might 

ultimately depend on different factors, such as the targeted taxa, the environmental DNA 

source, and the amount of genetic variability contained within the amplified marker.  

Even for small marker gene regions (such as the 12S rRNA variable region 5 as used in this 

study), genomic databases remain incomplete, especially when it comes to the biodiversity of 

megadiverse but understudied ecosystems (Li et al., 2022; Marques et al., 2021; Supple & 

Shapiro, 2018)—such as Zambia’s subtropical savannahs ecosystems as assessed in this 

study. The mapping of marker gene OTUs to publicly available databases such as the entire 

NCBI nt database strongly depends on the regional taxonomic coverage, and can lead to 

unassigned sequences or false assignments in the case of incomplete databases (Keck et al., 

2023; Mugnai et al., 2023). While many eDNA studies rely on post-OTU-mapping filtering of 

taxonomic hits to plausible species that are known to occur in the geographic area of interest 

(Allen et al., 2023; Lozano Mojica & Caballero, 2021; Lynggaard et al., 2022; Polling et al., 

2024), the pre-mapping reduction of databases to customized localized databases potentially 

results in higher resolution of taxonomically assigned species (Mugnai et al., 2023), especially 

after in silico amplification-based reduction and taxonomically aware dereplication (Meglécz, 

2023). We therefore compared the taxonomic assignments of both Illumina- and nanopore-

based OTUs when using a full species database followed by plausible taxon filtering, or when 

using a reduced database that only contains plausible taxa. We importantly found an 

incomplete overlap in non-fish vertebrate species detections by both database approaches; 

this low overlap was mainly due to many OTUs mapping to taxa in the reduced database 

mapped to non-plausible taxa using the full-database approach. In the few instances (n=7) 

were an OTU mapped to a plausible taxon only in the full database, this taxon was always a 

species closely related to any of the plausible species; the plausible taxa only detected by the 

full-database approach therefore disappear on the taxonomic family level. 
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However, both database approaches showed little overlap with the camera trap detections, 

even when it comes to only non-fish vertebrate taxa. This can partially be explained by the 

absence of detection of amphibian and reptile species by the camera trap. While eDNA 

methods should always be seen as a complementary approach to camera trapping or other 

traditional biodiversity monitoring approaches rather than a substitute, sampling different 

environmental materials such as soil, sediment, air, or blood-feeding insects could further 

increase the number of detected taxa. We, however, argue that the incompleteness of genetic 

reference databases might remain the largest limitation of eDNA-based approaches—

especially when applied to highly biodiverse and/or unexplored regions—, and that serious in 

situ efforts to complete genetic databases (Srivathsan et al., 2023) can help close the gap 

between traditional and genetics-based biodiversity monitoring approaches.  

In field conditions, where access to high-performance computing may be limited, smaller, 

customized databases can be preferable to full public databases such as NCBI.  This possible 

reduction of database sizes for plausible species detection importantly holds promise for data 

analysis in the field by substantially decreasing the computational memory requirements of 

taxonomic assignments; this aspect is especially relevant in combination with portable 

genomic technology where not only nanopore sequencing but also subsequent data 

interpretation should be feasible in remote areas and LMICs. However, our results highlight 

the risks associated with using reduced and/or incomplete databases. A reduced database 

may lead to misassignment of OTUs to closely related species, resulting in false detections 

(Keck et al., 2023). This issue is particularly pronounced when using short genetic markers 

and broad taxonomic primers, which may lack the resolution needed to distinguish species 

accurately. Implementing strict sequence identity thresholds (e.g., 99%) between query and 

reference sequences can mitigate this problem, as can using longer genetic markers, which 

improve taxonomic resolution and reduce false positives (Doorenspleet et al., 2025). 

Sample contamination can easily cause uncertainty in any eDNA study results. Our results 

showed several species being detected in a high number of samples including in negative 

controls. For example, hippopotamus DNA was present in several samples and negative 

controls; while it was also captured by camera trapping, its occurrence in the negative controls 

cannot exclude the possibility of DNA contamination across samples. Similarly, the rainbow 

trout Oncorhynchus mykiss was detected in several samples and negative controls; while it 

does not naturally occur in the studied area, it has been reported as an invasive species in 

Zambia—and ruling out cross-contamination in such as case would be of utmost importance. 

Such DNA contamination remains a difficult challenge for any eDNA study, but especially in 

field laboratory conditions where access to clean space and sufficient equipment and reagents 

for spatial protocol separation is reduced. Additionally, in situ laboratory conditions can often 

imply the presence of wild species that can easily become sources of false-positive detections.  

To finally make our eDNA approach as portable and cost-effective as possible, we further 

showed that simple store-bought coffee filters at USD 0.035 per piece led to similar biodiversity 

assessments as state-of-the-art eDNA filters at USD 10 per piece. We, however, also realized 

that the coffee filters were difficult to handle and easy to contaminate, so they might not 

constitute the perfect solution for non-expert users. While impossible to fully eliminate, 

especially in provisional laboratory conditions, the risk of contamination should be prioritized 

when applying eDNA approaches. We therefore argue that, if at all possible, eDNA collection 
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and processing methods that reduce sample manipulation should be preferred despite 

potentially higher cost (Macher et al., 2024).  

Supplementary Material 

All supplementary material is currently available here. The code used for this study is available 

at: https://github.com/dmgr90/eDNA-Zambia-1 
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All sequencing data is deposited in the NCBI Sequence Read Archive (SRA; accession 

number: PRJNA1195924).  
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